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ABSTRACT The dynamics of cellular organelles reveals important information about their functioning. The spatio-temporal
movement patterns of vesicles in growing pollen tubes are controlled by the actin cytoskeleton. Vesicle ﬂow is crucial for morpho-
genesis in these cells as it ensures targeted delivery of cell wall polysaccharides. Remarkably, the target region does not contain
much ﬁlamentous actin. We model the vesicular trafﬁcking in this area using as boundary conditions the expanding cell wall and
the actin array forming the apical actin fringe. The shape of the fringe was obtained by imposing a steady state and constant
polymerization rate of the actin ﬁlaments. Letting vesicle ﬂux into and out of the apical region be determined by the orientation
of the actin microﬁlaments and by exocytosis was sufﬁcient to generate a ﬂux that corresponds in magnitude and orientation to
that observed experimentally. This model explains how the cytoplasmic streaming pattern in the apical region of the pollen tube
can be generated without the presence of actin microﬁlaments.INTRODUCTION
Cells are highly compartmentalized structures and specific
cellular activities are spatially confined to certain types of
organelles. The dynamics of cellular organelles reveal
important information about their functions and mutual
interactions. One important role of organelle movement is
the transport and delivery of material from the site of
synthesis to the site of usance or release. This type of tar-
geted long distance transport is often carried out by vesicles,
which are small, membrane-bound organelles. Their small
size, typically between 50 and 150 nm, makes the quantifi-
cation of their movements a challenge for optical micros-
copy, especially when they are densely packed. However,
the combination of high temporal resolution confocal
microscopy and spatio-temporal image correlation spectros-
copy has recently demonstrated that the movement patterns
of densely packed vesicles can be quantified in space and
time (1).
An example for dense and extremely dynamic vesicle traf-
ficking occurs in rapidly growing plant cells. Expansion of
cellular surface in walled cells necessitates the delivery of
cell wall material and membrane to the site of expansion.
Much of the required material is delivered in the form
of secretory vesicles whose motion requires spatial and
temporal coordination to ensure targeted discharge at the
location of growth (1–4). In general, organelle transport is
mediated by the cytoskeleton, and motor proteins linking
the organelles with the cytoskeletal elements provide the
propelling force. In plant cells, vesicle transport is mainly
actin-myosin driven.
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0006-3495/09/10/1822/10 $2.00Vesicle trafﬁcking in growing plant cells
Among the fastest growing plant cells is the pollen tube,
a cellular protuberance formed by a pollen grain upon
contact with a receptive stigma. The function of the pollen
is to transport the male gametes from the anther of the donor
flower to the female gametes located in the ovule of the
receptor flower. Similar to other cells with an invasive life-
style such as fungal hyphae, root hairs, and neuronal growth
cones (5–8), pollen tubes display tip growth. In this type of
growth, all growth activity is confined to a very small area on
the cellular surface, the apex (9). Continuous addition of cell
wall material and turgor-driven expansion of the existing cell
wall at the apex result in the formation of a rapidly elon-
gating, cylindrical tube. Because of the rapid growth rate
and the spatial confinement of growth activity, vesicle traf-
ficking in these cells is extremely dense and dynamic, thus
making them a very suitable system for the study of vesicle
transport.
Mechanics of pollen tube growth
From a mechanical point of view, pollen tube growth is
defined by two simultaneously occurring processes—the
continuous addition of cell wall material, and the mechanical
deformation of the existing viscoplastic cell wall, driven by
the hydrostatic turgor pressure. The spatial confinement of
the growth activity to the apex is reflected in a polar distribu-
tion of the cytoplasmic contents (Fig. 1). The apical region,
i.e., the growing region of the cell, beginning with the hemi-
spherical tip of the tube and reaching to a distance of approx-
imately one tube radius behind the tip, is almost exclusively
filled with vesicles. The absence of bigger organelles gives
it a clear appearance in the optical microscope (Fig. 1 A), as
compared to the granular shank of the cell that is densely
packedwith various types of organelles such asmitochondria,
doi: 10.1016/j.bpj.2009.07.038
MF Orientation Constrains Vesicle Flow 1823FIGURE 1 Cytoarchitecture of the apical region of Lilium longiflorum pollen tubes. (A) Brightfield micrograph revealing the difference between the smooth
appearance of the apical cytoplasm (asterisk) and the granular texture of the shank. (B–D) Filamentous actin forming the apical fringe (arrowhead) revealed by
label with rhodamine phalloidin. (B) Single optical section. (C) Projection of z-stack of the same tube as in panel B. (D) Surface rendering of three-dimensional
z-stack reconstruction, tilted slightly to reveal spatial configuration of the apical actin fringe. (E–G) Vesicles visualized by label with FM1-43. (E) Single
optical section. (F) Surface rendering of three-dimensional z-stack reconstruction revealing spatial configuration of the inverted vesicle cone. (G) Vector
map of vesicle flux resulting from STICS analysis of a time series of confocal laser scanning micrographs. Panel G, details of the experiment and STICS
analysis, were first published by Bove et al. (1) (reprinted with permission; copyright American Society of Plant Biologists). Fluorescence micrographs are
false-colored. The images in this panel do not show the same tube. Bar ¼ 10 mm. Pollen culture, fluorescent label, and image acquisition for all figures
are detailed in the Supporting Material.plastids, Golgi stacks, and endoplasmic reticulum. Labeling
the vesicles with the lipophilic styryl dyes FM 4-64 or FM
1-43 has revealed that in angiosperm pollen tubes, the space
they occupy in the apical region has the shape of an inverted
cone filling the extreme apex and pointing toward the rear
of the cell (Fig. 1, E and F (1,10,11)). This cone-shaped
apical region is also relatively free of prominent filamentous
actin cables, whereas the cylindrical distal portion of thecell is filled by longitudinally arranged actin arrays (Fig. 1, B
and C (12)).
In the transition zone between the two regions, or the sub-
apex, these arrays become finer and form a fringelike config-
uration at the shoulder region of the apical dome (Fig. 1D, and
Figs. 2 and 3). This fringe is always in close proximity to the
continuously advancing apex of the cell. The position of this
fringe is believed to be controlled by signaling cascadesFIGURE 2 Geometry of the apical cone and vesicle
delivery and absorption rates at its boundaries. (A) Shape
of the apical cell wall during steady viscoplastic orthogonal
growth. (B) Cell wall vesicle deposition rate necessary to
sustain the steady viscoplastic growth. The details of their
calculation are found in the Supporting Material. (C)
Right-hand side of the actin profile given by Eq. 10. (Solid
line) (m, b)¼ (p/L,p/2). (Dotted line) (m, b)¼ (3p/2,
p/2). (Crosses) (m,b¼5p/6L,4p/6). The inset shows
two symmetric halves of the actin fringe profile. The half-
circle at the tail end of the profile is due to capillary effects
(Supporting Material). (D) Vesicle flux normal to the actin
fringe given by Eq. 11. (Solid line) (m, b) ¼ (p/L, p/2).
(Dotted line) (m, b) ¼ (3p/2, p/2). (Crosses) (m,
b ¼ 5p/6L, 4p/6). In all cases, l ¼ 1. The units of
the x- and y axis are multiples of the pollen tube radius.Biophysical Journal 97(7) 1822–1831
1824 Kroeger et al.FIGURE 3 (Left) Schematic drawing illustrating the prin-
cipal directions of vesicle motion (left half of the tube) and
orientation of the actin filaments bordering the vesicle
cone (open arrows in right half) in the apical region of
a pollen tube. After delivery into the apical region on the
actin filaments forming the fringe, vesicles are released
into the apical cytoplasm in an annulus-shaped zone (vesicle
delivery zone). Vesicles that succeed in contacting the
plasma membrane undergo exocytosis. Vesicles that do
not succeed in contacting the plasmamembrane stream rear-
wards within the cone-shaped vesicle pool. Many of these
vesicles are recirculated back into the forward stream imme-
diately in the subapical region (not shown). Solid arrows
indicate actin-myosin-guided vesicle movement, dashed
arrows indicate movements that are presumably governed
by diffusion. Objects are not drawn to scale. For clarity,
except for vesicles, no other organelle or the cell wall is
drawn. This figure is based on results by Bove et al. (1)
and Zonia and Munnik (54). (Right) Orientation of the
vectors along the actin fringe profile. The values r, n, and
v are the vector normal to the profile, the microfilament
orientation vector, and the growth vector of the cytoskeleton, respectively. The profile of the actin fringe is such that the angle f between the normal vector
and the actin microfilament orientation is equal to the angle q between the normal vector and the growth direction, the y axis. Once the orientation vector n is
fixed, the shape of the fringe profile can be determined.involving the subapical cytoplasmic alkaline band and the
cytosolic Ca2þ gradient present in the tube apex. Both regu-
late the rate of assembly of G-actin into F-actin mediated by
Ca2þ and pH activated proteins. These ion gradients thus limit
the polymerization and bundling of the actin-cytoskeleton in
a space-dependent manner (13–18). Although generally the
term ‘‘actin fringe’’ in pollen tubes denotes only the ring-
shaped arrangement of actin filaments in the subapical cortex
of the cell (12,19), for the purpose of our model here, we
define it as the complete actin array bordering the inverted
vesicle cone (marked in gray in Fig. 3). The role of the fringe
in the control of cytoplasmic streaming, vesicle delivery, and
actin polymerization is the subject of this article. It should be
noted that ‘‘cytoplasmic streaming’’ is a term used in the
biology community to designate the intracellular movements
of organelles, which in the optical microscope resemble
a streaming process. In reality, this process is the sum of indi-
vidually controlled movements of organelles through the
cytoplasmic space. Most of these movements occur along
cytoskeletal arrays. The cytosol, the liquid surrounding the
organelles, is not the cause for the organelle movements,
but it is likely to be dragged along passively. We discuss
below the role of the surrounding liquid.
Time-lapse imaging has revealed that in the shank of the
pollen tube, the spatial pattern of organelle motions results
in a bidirectional movement along parallel bundles of
F-actin. Forward movement occurs in the periphery of the
tube and rearward flow occurs in the center of the shank
(19,20). Bigger organelles that can easily be observed in
the optical microscope were found to reverse their movement
direction at a certain distance from the growing tip to enter
the rearward flow, thus generating a reverse-fountain pattern
(21). This flow pattern also applies to the relatively smaller
vesicles, with the exception that they actually enter the cyto-Biophysical Journal 97(7) 1822–1831plasmic region closest to the tip before flowing rearward
(Fig. 1 G (1,2)).
High temporal resolution confocal microscopy of living
pollen tubes revealed that in the shank of the tube, vesicles
display rapid, long-distance movements that are clearly
guided by the longitudinally oriented actin filaments. In
contrast, in the apical clear zone of the tube, the vesicles
show more erratic, random motion. Spatio-temporal image
correlation spectroscopy revealed that in the apex, the average
velocities of the vesicles vary over small distances (1).
Both the absence of prominent actin cables and the erratic
character of vesicle dynamics in the tip suggest that vesicle
movement is not propelled or guided by an actin-myosin
mechanism in this region. Our objective was to model the
dynamics of both the actin cytoskeleton and the vesicle
movement, to help us better understand their combined
role for pollen tube growth. To have predictive value, such
a theoretical model needs to be able to reproduce the charac-
teristic distribution of vesicles in the apical region as well as
the experimentally observed relative movement rates and
spatial patterns. One of the principal goals was to demon-
strate that although vesicle delivery toward the apical region
is mediated by an actin-myosin mechanism, movement
through the cone region does not require active transport
or cytoskeletal guidance.
Actin polymerization
It is unknown where in the pollen tube and by which mech-
anism actin polymerization takes place. However, to be able
to advance together with the elongating pollen tube tip, it is
safe to presume that the apical actin arrays need to poly-
merize continuously. Inhibitor studies have shown that actin
polymerization activity in the pollen tube is more sensitive
MF Orientation Constrains Vesicle Flow 1825than, and thus independent from, the capacity of actin to
guide organelle movement (22).
In angiosperm pollen tubes, actin filaments are oriented
with their barbed (plus) ends pointing toward the apex in
the cortical cytoplasm and away from the tip in the center
of the cell (23). This explains how organelle transport can
occur in opposite directions in these two regions as
myosin-driven transport occurs mainly toward the plus-end
of actin filaments (21,24–27). However, although this
configuration of the actin array is consistent with enhanced
polymerization activity toward the apex in the cytoplasm,
it is not quite clear how the central actin arrays keep up
with the advancing tip.
Both fluorescence micrographs and transmission electron
images (23) suggest, however, that the orientation of indi-
vidual actin filaments in the subapical region is not neces-
sarily parallel to the longitudinal axis of the cell and that
microfilaments can even form curved shapes in this region.
This change of orientation along the radial axis is crucial
to explain both actin microfilament growth through polymer-
ization of G-actin monomers and direction of the vesicle
flux toward the apical vesicle cone. Actin polymerization
and vesicle motion are therefore closely related, since both
have to satisfy the constraints set by the polarity of the actin
microfilaments.
From a physical point of view, one can therefore ask how
the polymerization of the G-actin monomers, i.e., a diffusion
problem with sink and source terms at the boundary, creates
the observed funnel shape of the fringe. Although not having
the exact same symmetry, this funnel shape has certain simi-
larities with the finger shape created by dendritic crystal
growth in a channel (28,29). The two problems have many
common origins, since dendritic crystal growth is essentially
the diffusion process of a solute in a channel which, by pre-
venting the solute from escaping from the setup, plays a role
analogous to the cell wall in the pollen tube. Here we exploit
this analogy and adopt a strategy for modeling that is similar
to that used in the past for dendritic crystal growth.
Objectives and outline
Our objectives are to demonstrate that
1. The spatial and temporal patterns of vesicle motion in the
apical region of the pollen tube can be explained without
cytoskeletal guidance in the clear zone, and
2. The constant shape of the apical actin fringe can be
explained by its continuous advancement and the varying
orientation of its polymerizing ends.
We establish a theoretical model that helps us in under-
standing how the apical actin fringe advances through actin
polymerization while at the same time delivering and
removing vesicles to and from the apical cone, thus control-
ling the movements of these organelles through the apical
cytoplasmic space. We adopt the following strategy: First,we obtain the geometry of the cell wall forming the expand-
ing apex using a viscoplastic model of a steadily growing
tube (based on the model for root hair growth in (30)). The
details of the calculation are found in the Supporting Mate-
rial. Then, we model the aggregation of actin filaments to
obtain their orientation at the border of the apical cyto-
plasmic space. We use this orientation, and a steady-state
assumption, to model the protrusion of the actin fringe array
in two dimensions from which we deduce the geometry for
the inverted apical cone (see Profile of the Actin Fringe,
below, and the Supporting Material). Finally, we model the
vesicle flux based on the assumption that the organelles
diffuse freely in the inverted apical cone. The addition
and removal of vesicles via actin-mediated transport and
the removal by fusion with the apical plasma membrane
(exocytosis) are taken into account by imposing suitable
boundary conditions (see Vesicle Diffusion and Cytoplasmic
Streaming).
See Table 1 for explanation of variables used in this
article.
THEORY
Proﬁle of the actin fringe
In this section, we present a calculation of the shape of the
actin fringe, based on the assumption that it maintains
a steady profile while advancing in the y direction and that
it satisfies the constraints of the tread-milling model
(31,32) for microfilament polymerization. Furthermore, we
TABLE 1 Explanation and typical value of different variables
used in the model
Parameter Symbol Value Source
Vesicle flux j
Average vesicle density hV3Di 62 mm3 *
Actin monomer concentration G 10–50 mM (58,59)
Diffusion constant D 0.1–103 mm2/s (60,61)
Unit vector normal to the actin fringe r
Average net vesicle deposition rate R 0.00041 mm/s *
Unit vector of actin microfilament
polarity
n
Angle between the actin polarity
and the x axis
Q(x)
Angle between the r and
the tube growth direction
q
Angle between n and r f
Stress in the cell wall s 25 MPa (6)
Strain rate in the cell wall _3 0–0.1 min1 (6)
Maximum growth rate of a single
microfilament
vMF 0.25 mm/s (62)
Vesicle delivery rate vve 0.45 mm/s (1)
Length of microfilament per
added monomer
n 2.2 nm (32)
Steady growth rate, in the y direction,
of the cytoskeleton
vp 0.1–0.4 mm/s (63)
Profile of the actin fringe y(x)
*Values calculated in this article.Biophysical Journal 97(7) 1822–1831
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equal to the pollen tube growth rate. We begin by using
a model for the actin filament aggregation (33–38) to calcu-
late the polarity, or orientation Q(x), of the microfilaments
(MF) along the actin front, in the fringe (23). For this
purpose, we fix our coordinate system such that the tube
grows in the positive y-direction. As detailed in the Support-
ing Material, we obtain the following filament angle Q(x)
between the barbed (plus) ends of the filaments and the x axis
QðxÞ ¼ p
L
x  p
2
: (1)
As an initial condition for the actin filament aggregation
model, we set the filaments with plus-ends pointing toward
the apex at the periphery of the tube and with plus-ends
pointing away from the apex in the center of the tube. These
orientations are consistent with the orientations measured in
the center and the periphery of angiosperm pollen tubes (23).
We can now use this variable orientation of the filaments
along the actin front to understand the variable protrusion
rate of this front and how it forms a stable V-shape. The elon-
gation rate, or polymerization rate, vMF of a single actin
microfilament, according to the treadmilling model (32), is
given by
vMF ¼ v

konG koff

; (2)
and depends on the local G-actin concentration G, the length
per monomer v and the net rates kon and koff at which actin
monomers polymerize at the barbed end of the actin micro-
filament. There are other proteins and factors such as branch-
ing, capping, and uncapping, that contribute to the polymer-
ization of individual actin filaments and actin fronts pushing
a membrane (31,32). In the absence of experimental quanti-
fication of the spatial distribution of such agents in the pollen
tube, we neglect those factors and focus on the effect of the
orientation change along the actin front observed in pollen
tubes (23). Actin monomers are added along the orientation
of the microfilament, described by the vector n. Conse-
quently, the profile of the actin network will protrude at a rate
dr
dt
¼ vMFðn$rÞ (3)
in a direction along r, that is normal to the profile (Fig. 3).
The multiplicative factor n$r ensures that the normal growth
rate is maximal when the microfilaments are at a right angle
to the actin profile and point out of the network. The profile
stays in place when the microfilaments are parallel to the
profile and retracts when the microfilaments are at a right
angle to the profile but point with barbed ends into the
network. Here r is a unit vector normal to the profile and n
is a unit vector giving the average orientation of the actin
microfilaments. The dependence of the protrusion rate of
an actin front on the filament orientation has been observed
in lamellipodia (39). As discussed in the SupportingMaterial,Biophysical Journal 97(7) 1822–1831we assume that the microfilament orientation along the x axis
in the network is given by Eq. 1.
QðxÞ ¼ p
L
x  p
2
:
We will use this model to derive a profile y(x) for the actin
network advancing at a steady rate equal to the growth rate
of the pollen tube. Using the relation
n ¼ bi cosQ þ bj sinQ
for the vector describing the orientation of the microfila-
ments and
r ¼ 1ﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
1 þ ðy0 Þ2
q  y0bi þ bj; (4)
we obtain
dr
dt
¼ vMFﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
1 þ y02
p  y0 cosQðxÞ þ sinQðxÞ: (5)
We will now use the assumption that the cytoskeleton profile
advances at a constant rate vp in the y direction. This constant
growth or advancement rate in the y direction can be related
to the protrusion rate dr/dt in the direction normal to the
profile. Using the angle q between the normal vector r and
the y direction, one obtains
dr
dt
¼ jrjvp cosq: (6)
This expression has been used for the calculation of the
steady growth profile in the case of diffusion-limited
dendritic crystal growth and fluid finger propagation
(28,29). Equating the left-hand side of Eq. 6 to the right-
hand side of Eq. 3 gives
dr
dt
¼ vMFjnjjrj cosf ¼ jrjvp cosq: (7)
This relation has been obtained by expressing the right-hand
side of Eq. 3 as vMFjnkrj cos f, where f is the angle between
the normal vector and the actin microfilament orientation.
Since both n and r have unit length, we can interpret the
equation as follows: the profile of the actin fringe must be
such that the angle f between the normal vector and the actin
microfilament orientation is equal to the angle q between
the normal vector and the y axis, the direction of the overall
actin cytoskeleton growth. This condition is illustrated in
Fig. 3. It is important to note that for these regions of low
profile curvature we neglect any surface tension between
the cytoplasm and the actin network. Using cos q ¼ ry ¼
(1 þ y02)1/2, we can express Eq. 7 in terms of y0 and Q(x):
vMFﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
1 þ ðy0 Þ2
q  y0 cosQðxÞ þ sinQðxÞ ¼ vpﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
1 þ ðy0 Þ2
q :
(8)
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the actin fringe
y
0 ¼ tanQðxÞ  l
cosQðxÞ; (9)
which has the solution
yðxÞ ¼ 1
m
lnðcosQðxÞÞ  l
m
ln

tan

p
4
þ QðxÞ
2

: (10)
Here l ¼ vp/vMF and m is the slope in the expression Q(x) ¼
mx þ b. The profile velocity vp and the maximum filament
growth rate vMF must be similar such that vp/vMF x 1.
The approximation of l being constant on the fringe is based
on the assumption that the concentration G of G-actin mono-
mers, and thus vMF, is a constant. The profile of the actin fringe
for different values of m, b in the function Q(x) is shown in
Fig. 2 C. By adding the left-hand side and separating the
two halves of the profile by a distance corresponding to
one-fifth of the cell radius, we obtain an actin fringe that
recovers the funnel shape with ‘‘shoulders’’ observed exper-
imentally. Once the profile on the actin fringe is found, the
vesicle flux at the fringe is obtained by evaluating Eq. 14
with Eqs. 7 and 8:
j$r ¼ vveV
0
B@ vp
vMF
1ﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
1 þ ðy0 Þ2
q  a
1
CA: (11)
For various values of m and b, this flux is shown in Fig. 2 D.
Vesicle diffusion and cytoplasmic streaming
In the pollen tube shank, the vesicles are pulled along actin
filaments by motor proteins (40,41) and the cytosol is
dragged along by this active movement of suspended parti-
cles. However, in the apical inverted cone, there is not
much filamentous actin that could serve to guide actin-
myosin driven vesicle movement. And although the vesicles
clearly display Brownian dynamics in this region (42–44),
it is unknown whether the cytosol, the fluid surrounding
the vesicles, is moving in the actin-free zone. Technical
limitations have precluded quantitative measurements of
individual vesicle dynamics in the densely packed apex
hitherto.
Therefore, we resort to the calculation of various dimen-
sionless numbers to determine whether bulk fluid movement
or diffusion dominates the motion of vesicles in the apex.
The Reynolds number is the ratio of inertial to viscous
forces. For a mass density r ¼ 103 kg/m3, a tube radius
r ¼ 6.5 mm, a velocity v ¼ 0.45 mm/s, and a dynamic
viscosity h ¼ 103 kg/m/s (45), the Reynolds number is
Re ¼ rvr/h ¼ 2.9 106. Accordingly, inertial (convective)
forces are negligible (40,45–47), such that viscous (advec-
tion due to the surrounding fluid) and diffusive (vesicle colli-
sions) forces determine the motion of vesicles. This regime iscalled Stokes flow, and in this regime the movement of
the cytosol (i.e., the solvent) is described by the Stokes equa-
tion Vp ¼ hV2v (46). The question remains whether the
movement of the bulk fluid cytosol or the collision of vesi-
cles dominates vesicle movement. The Peclet number Pe ¼
vrv/D, where rv is the vesicle radius and D is the diffusion
constant, gives us the ratio of the adjective (due to the
surrounding fluid) to diffusive forces. The vesicle diffusion
constant can be estimated from the evolution of the vesicle
staining density-density correlation function (1). A broad-
ening of the correlation function of 0.5 mm occurred in 0.1 s,
which is consistent with a translational diffusion coefficient
of DT ¼ hr2/4Dti ¼ 0.625 mm2/s (46). For a vesicle radius
rv ¼ 0.075 mm, the Peclet number is Pe ¼ 0.054. Based
on this number, we neglect the motion of the surrounding
fluid and assume that the motion of vesicles in the apex
is dominated by collision between vesicles (Brownian
dynamics or diffusion). A mathematical analysis of the
velocity field in the surrounding cytosol would require infor-
mation on the pressure and stresses in the cytosol but also the
proper treatment of the boundary conditions formed by
the outer surfaces of the individual vesicles (in addition to
the cell wall and the actin fringe) (46). This difficult problem
has been addressed with the boundary integral approach
(48,49) and the boundary element method (50), but its solu-
tion is beyond the scope of this article.
In our model, the vesicle flux is constrained by the
following sources and sinks:
1. There is continuous flow of vesicles in the direction of the
plus-ends of actin filaments in the polymer network
modeled previously, resulting essentially in an addition
of vesicles in the periphery and a removal in the center.
2. A certain number of vesicles is absorbed by the fusion
process (exocytosis) at the plasma membrane located in
an annular region around the very tip of the tube.
We model the vesicle flow using Fick’s law j¼DVV on
the domain bounded above by the cell wall calculated in
the Supporting Material and below by the fringe calculated
in the previous section. The average vesicle flow velocity
v can be related to the flux j ¼ Vv, where V is the local
vesicle density. Furthermore, the requirement of vesicle
number conservation (continuity equation) leads to the diffu-
sion equation, Eq. 12. This description is justified by the
observation that organelles in pollen tubes display Brownian
motion (42–44). The change in vesicle density V(x, y) is
given by the diffusion equation
vV
vt
¼ V$j ¼ DV2V ¼ 0 (12)
in the clear zone of the apex. To solve this equation, the
boundary conditions must be specified on the cell wall
and the fringe. The flux of vesicles normal to the cell wall
r$j ¼ r$ (DVV) is given by the absorption of vesicle due
to the fusion processBiophysical Journal 97(7) 1822–1831
1828 Kroeger et al.j$r ¼ DVV$r ¼ R
Vol
; (13)
where Vol denotes the volume of one vesicle and the net
deposition rate R is calculated in the Supporting Material
(Fig. 2 B). We can estimate the average vesicle flux normal
to the cell wall due to fusion at hjRi ¼ 0.156 s1 mm2 from
Vol ¼ 0.0026 mm3 and R ¼ 0.0244 mm/min. The net flux of
vesicles normal to the actin fringe is generated by the addi-
tion of vesicles to the clear zone (inverted cone) from actin
filaments with barbed ends oriented toward the tip and by
vesicle recovery onto centrally located filaments that are
oriented with the barbed ends pointing rearward:
j$r ¼ DVV$r ¼ vveVðn$r aÞ: (14)
The quantity vve denotes the maximum rate at which vesicles
are delivered into the apical cytoplasm. We can estimate the
normal vesicle flux at the actin fringe (in the tube center) by
jFxvvehV3Di ¼ 27:0 s1 mm2. Here hV3Di ¼ 62.0 mm3 is
the average three-dimensional vesicle density in the apical
cone (1). Comparing the numbers reveals a difference of
two orders of magnitude between the vesicle flux at the
plasma membrane and that normal to the actin fringe. This
difference explains why the vesicle flow pattern predicted
by our model is largely controlled by the orientation of actin
filaments. Since the orientation of the microfilaments also
controls the normal protrusion rate of the actin cytoskeleton,
the right-hand side of Eq. 14 is proportional to the protrusion
rate of the actin cytoskeleton described by Eq. 3 (Fig. 2 D).
The constant term a represents myosin-mediated vesicle
binding onto a microfilament that is oriented parallel to the
fringe profile. The constant a is adjusted in such a way that
the total number of vesicles entering the clear zone equals
the total number of vesicles leaving the clear zone, i.e., the
net flux is zero.
RESULTS
A steady growth analysis (30) was used to calculate the
shape of the apical cell wall during its viscoplastic expansion.
The resulting cell wall shape, that minimizes the mechanical
stress induced by the turgor pressure, is shown in Fig. 2 A.
The material necessary for the steady elongation of the cell
wall is supplied by vesicles. The cell wall thus constitutes
a target (i.e., a sink) for these organelles (Fig. 2 B).
The orientation of the barbed (plus) ends of the actin
microfilaments varies continuously along the radial axis to
adopt the observed configuration (23), which minimizes
the mechanical stress in the actin polymer network (51).
Once the steady shape of the advancing actin fringe is
assumed, its profile is a direct consequence of the orientation
of the actin microfilaments (Fig. 2 C). This constraint is illus-
trated in Fig. 3. The orientation of the microfilaments also
determines the direction in which the vesicles are delivered
to or removed from the apical cone and the magnitude ofBiophysical Journal 97(7) 1822–1831their velocity (Fig. 2 D). Addition (positive values in
Fig. 2 D) occurs in the periphery of the cell, removal (nega-
tive values) in the center. The fringe thus constitutes a source
and sink for the vesicles. The motion of the vesicles in the
apical cone is modeled with the diffusion equation together
with the boundary conditions described above, which are
solved with MatLab (The MathWorks, Natick, MA). After
an integration time of 10 s, the vesicle density reaches
a steady state shown in Fig. 4, A and C. The average density
from the simulations is rescaled to 209 mm2. This average
vesicle density is obtained by dividing the number of vesi-
cles present in a typical lily pollen tube apex (average of
81,247 vesicles (1)) by the area of the clear zone (389
mm2). In the biological sample, this average density corre-
sponds to the density visible on a projection of a z-stack
image series. Our model indicates a clear density gradient
from the front of the cell to the tail of the vesicle cone.
This spatial profile of vesicle density is consistent with
observations in the fluorescence microscope (1,11) and the
transmission electron microscope (4).
In addition to providing information on vesicle density,
our model yields the relative speed and direction of vesicle
motion at each coordinate in the vesicle cone. The resulting
vesicle flux j (Fig. 4 B) is in excellent agreement with exper-
imental data. Quantitative analysis of vesicle dynamics (1)
revealed a vesicle flux with a direction field described by
a reverse fountain pattern, qualitatively identical to the one
our model produces. The microscopic observations showed
very slow vesicle motion at the immediate tip of the pollen
tube whereas vesicles move rapidly in the tail region of the
cone. Our model is consistent with this change in the vesicle
motion.
The absence of significant vesicle motion at the very tip of
the cell is due to the small value of the vesicle fusion rate at
the cell wall. Since the average vesicle fusion rate is directly
proportional to the pollen tube growth rate, we can model the
change in the flux pattern due to an increase in pollen tube
growth rate. Fig. 4 E shows the vesicle motion in a rapidly
growing tube. The pattern was obtained by multiplying
the net vesicle fusion rate by 50 (R ¼ 1.22 mm/min when
averaged over the cell wall). Although this value of R corre-
sponds to a tube growth rate (v ¼ 350 mm/min) that is much
higher than any value observed in vitro (22), the numerical
simulation displays the observed robustness of the streaming
pattern to changes in the growth rate.
Our model, and especially the V-shape of the apical zone,
relies on the fact that actin microfilaments are oriented with
their barbed ends forward at the periphery and rearward in
the center of the tube, a typical configuration in angiosperm
pollen tubes (23). In gymnosperm pollen tubes, the flow
direction of cytoplasmic organelles is reversed, forming a
fountainlike streaming pattern (52). However, it is unknown
whether this flow pattern is due to an inversion of the orien-
tation of actin filaments (i.e., barbed ends toward the rear in
the periphery and toward the front in the center), or whether
MF Orientation Constrains Vesicle Flow 1829FIGURE 4 (A) Vesicle density in the clear zone of the pollen tube. Lighter
shades indicate low density whereas dark shades indicate high density. The
units of the x- and y axis are multiples of the cell radius. (B) The vesicle flux
in the cell apex reveals the reverse fountain pattern. The relative magnitudea different type of myosin moves vesicles from the barbed
ends of the actin filaments toward their pointed ends (53).
To find out which of the two alternatives is more likely we
tried to model both. First, we let vesicles move in the oppo-
site direction to the actin polarity on actin filaments that
are oriented and polymerize according to the conditions
mentioned above for angiosperm pollen tubes. The vesicle
flow now displays a fountain pattern (Fig. 4G), but the shape
of the vesicle cone remains identical to that of the angio-
sperm pollen tube. Importantly, a high density of vesicles
is now present in the tail of the cone, whereas the density
is low close to the plasma membrane (Fig. 4 F).
Next, we inverted the orientation of the actin filaments.
Actin arrays in the periphery now point forward with their
barbed ends, and the central array points rearward. We chose
QðxÞ ¼ p
L
x þ p
2
(15)
for this approach. Not only do these inverse initial conditions
result in a fountainlike flow pattern (Fig. 4 H), they also lead
to a very different shape of the apical vesicle population
(Fig. 4 I). Instead of an inverted cone, the apical vesicle pop-
ulation is now crescent-shaped. Inspection of available fluo-
rescence micrographs reveals that vesicles in gymnosperm
pollen tubes indeed accumulate in such a crescent-shaped
conformation (44,52), whereas the configuration shown in
Fig. 4 F does not correspond to any phenomenon found in
living pollen tubes.
DISCUSSION
The goal of this work was to model the dynamics of vesicles
in the apical region of growing pollen tubes and to relate it
to the polymerization of the actin arrays bordering the apical
vesicle cone. Our data show that a viscoplastic model of
the cell wall and a steady-state model for the actin polymer-
ization provide adequate inlet and outlet boundary condi-
tions for the diffusive motion of the vesicles. When solved
together, these constraints lead to a vesicle flux whose
magnitude and direction are in agreement with the vesicle
of the flux velocity is given by the length of the arrows. (C) (Solid line)
Vesicle density as a function of the distance from the tip, along the axis of
symmetry of the tube (the y axis). The vesicle density from the simulation is
rescaled such that its average is 209 mm2 (1). (Dashed line) Vesicle density
for a rapidly growing tube. The growth rate and the net vesicle fusion rate at
the cell wall are 50 times larger. (D) Vesicle density in a rapidly growing
pollen tube. (E) Vesicle flux in a rapidly growing pollen tube. (F) Vesicle
distribution for an actin orientation identical to an angiosperm pollen tube
but with inverted vesicle delivery at the fringe due to reverse myosin
activity. (G) Vesicle flux for an actin orientation identical to an angiosperm
pollen tube but with inverted vesicle delivery at the fringe due to reverse
myosin activity. (H) Geometry of apex and density of vesicle in a gymno-
sperm pollen tube. This geometry is obtained by inverting the microfilament
orientation at the fringe boundaries. The MF orientation profile used is
QðxÞ ¼ pL x þ p2. (I) Vesicle flux in a gymnosperm pollen tube. For 5 mm,
hRi ¼ 1.22 mm/min.Biophysical Journal 97(7) 1822–1831
1830 Kroeger et al.motion observed experimentally (1,11,54). The continuity of
the vesicle motion at the apical fringe, i.e., the conservation
of the total volume of cell wall material, was used to solve
the model.
The robustness of our model is demonstrated by its
applicability to a system that operates quite differently, the
gymnosperm pollen tube. Inversion of the actin filaments
in our model produces exactly the streaming and vesicle
distribution patterns that are observed experimentally
(44,52). By contrast, inversion of the movement direction
of the organelles, putatively mediated by a myosin motor
protein operating in the opposite direction, does not produce
any patterns that can be observed experimentally. This is
consistent with the fact that no myosin molecules operating
in unconventional direction have been identified in plants
hitherto. It must be mentioned, however, that microtubules
seem to be more important in gymnosperm pollen tubes,
compared to their role in angiosperm counterparts (55).
Drug-induced microtubule depolymerization inhibits elon-
gation in gymnosperm pollen tubes and changes the motion
patterns of organelles. However, the authors postulate
that this effect is mediated by the microtubules’ control of
the actin array. This is corroborated by the finding that
the microtubule disruption causes a reversal of organelle
streaming in gymnosperm pollen tubes (52). This reversal
from fountain- to inverse fountain-streaming is accompanied
by a rearrangement of the actin array. Hence, these experi-
ments are consistent with the results of our modeling. No
information on the orientation of actin filaments in gymno-
sperm pollen tube is available, but our model predicts that
actin arrays are oriented with their barbed ends toward the
apex in the central cytoplasmic region, and rearward in the
periphery. Vesicles are predicted to move toward the barbed
ends of the arrays. Together these conditions result in the
flow and distribution patterns observed experimentally.
In view of the simplistic assumptions of the model, the
agreement with experimental observations is encouraging.
A very important test of the vesicle diffusion picture would
be the prediction of the vesicle flux after a disruption of the
tubular shape of the pollen tube, e.g., through a mechanical
constriction of the tube or by the application of an agent
causing swelling of the apex without interfering with actin
functioning. However, such tests require modeling beyond
the limits of our current steady-state cell wall analysis.
Refinements of the model should include a better calculation
of the granular flow of the cytoplasm, a heterogeneous
and polydisperse medium (i.e., containing components of
different sizes). Furthermore, the spatial variation of G-actin
and calcium concentrations, as well as their effects on the
actin polymerization process, was not taken into account.
Given the cytoplasmic calcium gradient in the clear zone
of the pollen tube apex (56) and the role played by calcium
during actin polymerization (57), calcium and G-actin
concentrations should be considered in a future model of
the polymerization process. Experimental validations ofBiophysical Journal 97(7) 1822–1831this model include a detailed determination of the polariza-
tion of the actin microfilaments in the subapical region.
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